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 Probing Cell Deformability via Acoustically Actuated 
Bubbles 
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  1.     Introduction 

 The characterization of cell deformability as a mechanical 

biomarker is valuable for both diagnostics as well as bio-

logical studies. [ 1–3 ]  Changes in cell deformability have been 

used to identify diseases such as cancer, malaria, arthritis, 

atherosclerosis, hypertension, cerebral edema, stroke, and 

asthma. [ 4 ]  In addition, identifying the cellular mechanical 

biomarkers with corresponding alterations in the cytoskel-

eton and gene expression aid the investigation of cellular 

processes, including metastasis, cytoskeleton development, 

cell differentiation, and the cell cycle. [ 5–8 ]  Cell deformability 

may be measured by exposing adherent or suspended cells to 

a nonuniform external force fi eld, which results in deforma-

tion on the cells. In contrast with the many cellular geome-

tries observed upon contact with substrates, most mammalian 

cells are essentially spherical when suspended in a fl uid 

environment, with a simple cortical actin cytoskeleton layer DOI: 10.1002/smll.201502220

 An acoustically actuated, bubble-based technique is developed to investigate the 
deformability of cells suspended in microfl uidic devices. A microsized bubble is 
generated by an optothermal effect near the targeted cells, which are suspended in 
a microfl uidic chamber. Subsequently, acoustic actuation is employed to create 
localized acoustic streaming. In turn, the streaming fl ow results in hydrodynamic 
forces that deform the cells in situ. The deformability of the cells is indicative 
of their mechanical properties. The method in this study measures mechanical 
biomarkers from multiple cells in a single experiment, and it can be conveniently 
integrated with other bioanalysis and drug-screening platforms. Using this technique, 
the mean deformability of tens of HeLa, HEK, and HUVEC cells is measured to 
distinguish their mechanical properties. HeLa cells are deformed upon treatment with 
Cytochalasin. The technique also reveals the deformability of each subpopulation 
in a mixed, heterogeneous cell sample by the use of both fl uorescent markers and 
mechanical biomarkers. The technique in this study, apart from being relevant to cell 
biology, will also enable biophysical cellular diagnosis. 
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underneath the cell membrane to maintain mechanical integ-

rity. [ 9 ]  The characterization of mechanical biomarkers from 

cells in suspension, then, would offer both simple operation 

as well as improved repeatability of measurements. 

 Advances in micro-electro-mechanical systems [ 10,11 ]  

have yielded multiple approaches to measure cell deform-

ability. [ 12–15 ]  These approaches may be categorized as either 

fl ow-based or in situ methods. Among the plethora of 

cell-deforming methods, fl ow-based methods [ 15–19 ]  are pop-

ular: suspended cells are delivered, focused, and stretched 

via hydrodynamic effects such as shear stress and inertial 

force. [ 20–24 ]  Cell deformability, [ 18 ]  velocity, [ 16 ]  and pressure 

variations [ 19 ]  are recorded as characteristic mechanical prop-

erties. On the contrary, the cells are often static during in 

situ methods such as atomic force microscopy, [ 25 ]  microaspi-

ration, [ 26,27 ]  laser cavitation, [ 28,29 ]  optical tweezers, [ 30–32 ]  and 

methods using elelctro-deformation. [ 33,34 ]  Both fl ow-based 

and in situ methods have pros and cons. For example, fl ow-

based methods offer better throughput over in situ methods; 

however, the deformability of cells is measured when cells 

pass through a detection spot from the inlets to the outlets, 

providing only data on cellular shape. This limitation makes 

it diffi cult to accurately identify each individual cell before 

and after the cell-stretching process. By contrast, an in situ 

measurement can record more information from the meas-

urement. They can also easily integrate with other techniques 

such as cell culture and drug treatment, albeit at lower 

throughput. Thus, there is a need for a technique to measure 

mechanical biomarkers which combines the advantages of 

both fl ow-based (i.e., high throughput) and in situ methods 

(i.e., the capability to record more information, and easy inte-

gration with other bioanalysis and drug-treatment units). 

 In this article, we describe an optothermally gener-

ated, acoustically actuated, bubble-based technique to 

deform cells. A bubble is generated by the optothermal 

effect [ 35,36 ]  at any desired position within a microfl uidic 

chamber. When this bubble is actuated by acoustic waves, 

the oscillation of the air–liquid interface perturbs the liquid 

nearby, resulting a localized acoustic streaming around the 

bubble. [ 37–42 ]  Once a suspended cell is introduced to the fl ow 

fi eld, the cell is stretched by hydrodynamic forces. Since 

the fl ow is essentially static except for the bubble-induced 

localized streaming, the cell deformability measurement 

is performed in situ, allowing for cell identifi cation after 

bubble-based cell deformation. This article is structured as 

follows: fi rst, the confi guration and working mechanism of 

the bubble-based cell deformability measurement platform 

is outlined. Second, a numerical study is exhibited to identify 

the localized acoustic streaming responsible for deforming 

the cells. Third, the testing of three typical cell lines (HeLa, 

HEK 239, and HUVEC) demonstrates that our device distin-

guishes the mechanical properties of different cells, and that 

it analyzes multiple cells while achieving high throughput. 

Fourth, the cell-deforming technique is integrated with 

cell-culturing and drug-treatment platforms. HeLa cells are 

incubated with the Cytochalasin D, and their deformability 

is measured in situ. Finally, the capability of integrating 

deformability measurement with other biochemical markers 

is presented. Two different fl uorescent markers stain the cell 

mixture, composed of protein-denatured and healthy HeLa 

cells. By simultaneously observing differences in deform-

ability and biochemical markers, the mechanical properties 

of each subpopulation in the mixture are identifi ed without 

needing a cell-separation procedure. 

  2.     Theory 

 Streaming generated from acoustically oscillated bubbles has 

been studied extensively. [ 43,44 ]  Dissipation in fl uid is rapid and 

nonharmonic in response to a harmonic force, which may 

be generated by the acoustic oscillations of a microbubble. 

This response can be considered as a superposition of a time-

harmonic acoustic response with the same frequency as the 

actuation frequency, and a slower, steady response known 

as “acoustic streaming.” [ 45–51 ]  The nonlinear hydrodynamic 

coupling [ 52 ]  results in transmission of acoustic energy to the 

fl uid as steady momentum, manifested as acoustic streaming 

around the oscillating bubble. The fl uid response is governed 

by the standard Navier–Stokes equations for a linear viscous 

compressible fl uid [ 45,46 ] 
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 where  ρ  is the mass density,  v  is the fl uid density,  p  is the fl uid 

pressure, and  μ  and  μ  b  are the shear and the bulk dynamic 

viscosities, respectively. As is commonly done in simulations 

of acoustic streaming, [ 41 ]  the relation between  p  and  ρ  is 

chosen to be linear, namely ρ= ,0
2p c  where  c  0  is the speed of 

sound in the fl uid at rest. Direct numerical simulation of this 

nonlinear system of equations is computationally challenging 

and expensive, due to discrepancy in space (characteristic 

wavelengths of acoustic waves vs the characteristic geomet-

rical dimensions of the system) and time scales (character-

istic oscillation periods vs characteristic times dictated by the 

streaming speed). However, in the case of small oscillations, 

the fl uid response can be studied using a perturbation expan-

sion of the fl ow variables in the Navier-Stokes equations. 

We employ Nyborg’s perturbation approach [ 53 ]  where the 

fl uid velocity, density, and pressure are assumed to be of the 

following form 
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 where  e  is a nondimensional parameter defi ned as the ratio 

of oscillation amplitude to the bubble radius. [ 35 ]  Substitution 

of Equation  ( 3)   into Equations  ( 1)   and  ( 2)   and segregation of 

fi rst-order terms yield a fi rst-order system 
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 where  μ  and  μ  b  represent, respectively, the shear viscosity 

and the bulk viscosity. Repeating the same procedure for the 

second-order terms, followed by time averaging over a period 

of oscillation, yields a second-order system 
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 where <A> indicates the time time average of the quantity A 

over a full oscillation time period. Equations  ( 4)  – ( 7)  , comple-

mented with appropriate boundary conditions, were solved 

numerically using the commercial fi nite element software 

COMSOL Multiphysics 4.4 to characterize the patterns of 

acoustic streaming around the oscillating bubble. Here, we 

studied the streaming patterns generated by a single bubble 

in the microfl uidic chamber of dimensions 600 × 600 μm 2 . A 

single bubble was simulated with diameter 60 μm, oscillating 

with amplitude 5 μm at frequency 100 kHz.   

  3.     Results and Discussion 

  3.1.     Generation and Actuation of Bubble 

 The microsized bubble (diameter: ≈60 μm) was formed with 

the optothermal effect. [ 36 ]  In this process, a gold-coated glass 

slide was used to absorb the laser energy and heat the sur-

rounding liquid to form bubbles. By controlling the position 

of laser-focusing spot, a bubble can be generated near any 

targeted cells ( Figure    1  d). The size of the bubble is adjustable 

by varying the illuminating time and power of the laser. [ 36,54 ]  

Furthermore, unlike optical tweezers [ 55,56 ]  or direct laser cavi-

tation [ 28,29 ]  that typically requires high-cost focusing lens with 

large numerical aperture and lasers with high beam quality 

(TEM 00 ), the technique shown in this paper does not have 

special requirements on the laser beam quality and focusing 

elements. A low-cost semiconductor laser with multimode 

output is suffi cient to focus on the gold substrate and gen-

erate microsized bubbles. Our experimental setup is easy-

to-assemble and convenient-to-operate. After the bubble is 

generated, acoustic waves are applied to actuate the micro-

sized bubble. By tuning the frequency and amplitude of the 

acoustic waves, the bubble size, and the viscosity of medium, 

one can control the extent of cell deformation.   

  3.2.     Mechanism for Cell Deformation 

 Acoustic streaming, which exerts shear force on cells, was 

investigated via both experiments and simulations.  Figure    2  a 

shows the numerical results of acoustic streaming patterns 

generated by the oscillating bubble; the presence of two 

vortices around the bubble is similar to those observed 

experimentally (Figure  2 b). This streaming pattern was also 

observed previously by Tho et al. [ 57 ]  and is associated with 

ellipsoidal motion of the bubble (i.e., the bubble oscillates 

both laterally and radically). Since the mode of the bubble’s 

vibration varies with both the applied frequency and the size 

of the bubble, [ 57 ]  the acoustic streaming patterns for a dif-

ferent oscillation mode (i.e., lateral oscillations only) were 

also studied. The patterns revealed a quadrupole acoustic 

streaming pattern (Figure S4 in the Supporting Information). 
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 Figure 1.    a) Optical setup to generate bubbles by the optothermal effect; b) schematic for the confi guration of microfl uidic chamber and piezo 
transducer; c) schematic for cell stretching in the fl ow fi eld around an acoustically activated oscillating bubble; d,e) a spherical-shaped suspended 
cell is stretched near an oscillating bubble, where the aspect ratio is used to characterize the cell’s deformability; f) the statistical analysis of 
deformability (i.e., aspect ratio) for HEK cells.
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The numerical results reported here are instructive in 

determining the acoustic streaming through a perturbation 

approach, even when the oscillation amplitude of the bubble 

is diffi cult to observe. 

  Once the acoustic streaming is identifi ed by numerical 

simulation, validation of the shear force to deform a cell in 

the fl uidic fi eld becomes feasible. Since the presence of a cell 

near the bubble alters the streaming patterns around the 

bubble, a fully coupled fl uid-structure interaction model is 

required to investigate the deformation of the cells inside the 

acoustic streaming fi eld. However, we considerably simpli-

fi ed this problem to obtain qualitative understanding of our 

device’s working mechanism by considering a fi xed particle 

(a cell) inside the domain and investigating the force that 

the particle experiences for different positions relative to 

the bubble. To study the force experienced by a particle due 

to acoustic streaming, we numerically simulated a spherical 

particle of diameter 15 μm at coordinates (50 μm, −50 μm) 

relative to the bubble center. The fl ow fi eld was recalculated 

in the presence of this particle (Figure  2 c); the hydrody-

namic traction was integrated over the surface of the par-

ticle to calculate the force (Figure  2 d) exerted on the particle 

in the acoustic streaming fi eld. While the net force on the 

particle acts in the direction of the acoustic streaming fl ow, 

the nonuniform traction distribution observed on the parti-

cle’s surface would result in the deformation of the particle 

(Figure  2 d). In addition, simulations with different positions 

of the particle (Figure S3 in the Supporting Information) to 

the bubble were conducted to study the force experienced by 

the particle for different positions in the microfl uidic chan-

nels. Due to the nonuniform fl ow fi eld, the force experienced 

by the particle is different for particles at different positions 

relative to the oscillating bubble. Thus, by tuning the opera-

tional parameters as well as the bubble’s position relative to 

the cell, the cell can be subjected to a wide range of force 

distributions that, in combination with the cell’s response, can 

be used to investigate the mechanical properties of the cell. 

The simulations confi rm a powerful aspect of our technology, 

namely the ability to modify the fl ow fi eld at will and thereby 

subject the cells to a wide range of force distributions.  

  3.3.     Parallel Measurement of Deformability 

 Deformability, as a parameter of mechanical biomarker, is 

used to characterize cell properties. To realize a statistically 

meaningful value, multiple cells must be measured. Conven-

tional in situ measurements, including optical tweezers and 
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 Figure 2.    Working mechanism for deforming a cell by acoustic streaming. a) Simulation and b) experimental results for acoustic streaming fl ow 
patterns around an oscillating bubble; c) acoustic streaming patterns around the oscillating bubble in the presence of a particle positioned at 
(50 μm, −50 μm) relative to the bubble center; d) an enlarged picture of panel (c) showing the nonuniform fl ow fi eld near the cell and the shear 
force on the cell. The color indicates the magnitude of the streaming velocity from min (blue) to max (red), while the arrows indicate the direction 
of the streaming velocity.
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atomic force microscopy, have relatively low throughput 

(≈1 cell min −1 ). By contrast, our technique measures the 

deformability from multiple cells simultaneously, so statisti-

cally meaningful data can be conveniently obtained.  

 Here, the deformability of three cell lines, HeLa ( N  = 50), 

HEK ( N  = 70), and HUVEC ( N  = 50), was tested to dem-

onstrate the capability of our devices. The results are shown 

in  Figure    3  , where the HEK cell has the most deformability 

(mean: 1.691; standard deviation: 0.2608), the HeLa cell has 

the medium deformability (mean: 1.592; standard deviation: 

0.2473), and the HUVEC has the least deformability (mean: 

1.370; standard deviation: 0.2192). The deformability of HEK 

cells is signifi cantly greater than HeLa cells ( P  = 0.0403); 

while the deformability of HeLa cells is signifi cantly greater 

than HUVEC cells ( P  = 0.0001). These results indicate that 

the HEK cell has the least mechanical strength, while the 

HUVEC cell has the greatest. Once a single bubble is actu-

ated acoustically, it can deform tens of cells around it within 

seconds; suffi cient data on cell deformability may thereby be 

obtained for statistical analysis. 

  The differences in the deformability of each cell line arise 

from cytoskeleton structures, which are visualized by fl uores-

cent images of GFP-actin and RFP-microtubule. When cells 

are suspended, the F-actin forms a hollow-spherical-shaped, 

cortical actin layer to maintain the cell shape and mechanical 

properties, while the microtubule usually exists deeper under 

the cell membrane. Previous reports [ 9 ]  revealed that most 

mammalian cells had cortical actin of thicknesses from 50 nm 

to 2 μm. For example, HEK 293 has a cortical actin thick-

ness of 0.99 ± 0.38 um. The fl uorescent images we presented 

here are in agreement with previous observations. Further, 

the structures of cortical actins in three cell lines are distinct. 

The HEK cell has the thinnest cortical actin layer under the 

cell membrane; the HeLa cell shows a thin but more-uniform 

cortical actin layers to maintain the suspended cells; the 

HUVEC shows much thicker cortical actin. As a consequence 

of cortical actin variations in their structures, the three cell 

lines deforms differently under nearly identical acoustic oper-

ating conditions. The HUVEC, with the most condensed cor-

tical actin, exhibits the least deformability; while the HEK 

cells, with the thinnest cortical actin, exhibits the greatest 

deformability. The reason for a weaker cortical actin in the 

HEK and HeLa than HUVEC (i.e., larger deformability for 

HEK and HeLa), may relate to the origins of these cell lines. 

HeLa cells are from cervical cancer. HEK 293 cells are from 

human embryonic kidneys. HUVEC are derived from nonma-

lignant endothelial cells. This result suggests that tumor cell 

lines, HeLa and HEK, are similar in their immature nature of 

their cytoskletons. As a result, cancer cells are generally less 

stiff than nonmalignant cells. Our result is consistent with a 

previous report, which found stiffness changes of malignant 

cells compared with their healthy counterparts. [ 2 ]   

  3.4.     In Situ Measurement of Deformability during Drug 
Treatment 

 Our bubble-based cell deformability measurement can be 

conveniently integrated with other cell operation platforms 

due to its in situ operation. Hence, this technique enhances 

prognostic analyses in which the cells’ mechanical properties 

are characterized during therapeutic treatment. Here we dem-

onstrate the effect of Cytochalasin D on the deformability of 

cells by incorporating cell deformability measurements with 
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 Figure 3.    The deformability of a) HEK, b) HeLa, and c) HUVEC; d) statistical analysis indicated that the HEK cell has the largest deformability, while 
HUVEC has the least deformability; e–g) the deformability refl ects differences in cytoskeleton structure.
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drug treatment. During incubation of the drug, the measure-

ment of deformability, and the fl uorescent visualization of 

cytoskeleton structure, the cells were kept in the same micro-

fl uidic chamber. Cytochalasin D was added to a suspension of 

HeLa cells (with sodium alginate to adjust viscosity) for incu-

bation at 37 °C. After 20 min, a bubble was generated near 

a group of cells to measure the deformability of cells after 

Cytochalasin D treatment. Treatment with Cytochalasin D 

enhanced the cell deformability (mean: 1.688, standard devia-

tion: 0.1951,  N  = 50) ( Figure    4  b). Compared with the untreated 

group, a signifi cant increase in the cell deformability occurs 

( P  = 0.0336). The increase reveals that Cytochalasin D under-

mined the F-actin, which maintains the cells’ stiffness. Their 

morphology was visualized in both bright-fi eld and fl uores-

cent microscopy. After the treatment of Cytochalasin D for 

20 min, the Cytochalasin D was bound to F-actin polymer, 

which prevented further polymerization of actin monomers. 

Thus, F-actin must not be synthesized, in order to maintain 

the cells’ structure. A bright-fi eld image (Figure  4 c) shows 

that blebs emerge after the Cytochalasin D treatment: the 

attachment between actin and the membrane was destabilized 

by Cytochalasin D, promoting bleb nucleation. [ 5 ]  Existing 

blebs did not assemble an actin rim and did not retract. The 

actin-GFP fl uorescent images (Figure  4 d) show that the fi ber-

shaped cortical actin became discrete actin fragments. 

  Monitoring the cellular mechanical properties during 

drug treatment is important for prognostics. Convention-

ally, this monitoring requires that the cells are incubated 

with drugs, then processed and delivered to another cell-

deforming device. However, such a multi-procedure opera-

tion prevents real-time monitoring of the changes in cell 

stiffness. Our method integrates cell deformability measure-

ments into existing platforms to monitor cell mechanical 

properties in the same chamber. The method simplifi es han-

dling of cell samples and enables monitoring of effects of the 

drugs in situ and in real time, while integrating with existing 

microfl uidic cell culture systems.  

  3.5.     Measurement of Cell Deformability of Subpopulations 
from Mixture 

 Analyzing the deformability of each cell subpopulation in 

complex cell samples will benefi t multiple clinical applica-

tions. To probe the mechanical properties of the tumor cells 

from a cancer patient, in which both benign and metastatic 

cells exist, conventional techniques require complex sample 

preparation: separating each subpopulations in the cell mix-

ture, culturing the specifi c tumor cells, and measuring the 

mechanical properties based on the purifi ed tumor cells. This 

sample-purifi cation process, however, is diffi cult to perform 

on cells that have similar cellular properties. Our method 

can probe the deformability of each subpopulation in a cell 

mixture, by directly combining chemical biomarkers with the 

mechanical biomarker. 

 To demonstrate this capability, a cell sample was pre-

pared containing two cell types (protein-denatured and living 

HeLa cells) and three fl uorescent biomarkers (red fl uores-

cence from PI, green fl uorescence from calcium AM, and no 

stain). The superimposed fl uorescent images and the deform-

ability of each subpopulation are in  Figure    5  . In a single 

operation, about 20 cells were traced and their deformability 

was analyzed (Figure  5 b). Protein-denatured cells exhibited 

more deformation (mean: 1.627, standard deviation: 0.0930, 

 N  = 5) than living cells. In protein-denatured cells, cytoskel-

eton proteins fail to maintain the cell’s mechanical integrity; 

while the living cells labeled with calcium AM (mean: 1.515, 

standard deviation: 0.1997,  N  = 7) and the unlabeled living 

cells (mean: 1.513, standard deviation: 0.1881,  N  = 6) dem-

onstrated similar deformability properties, indicating similar 

mechanical properties. The number of cells which may be 

traced in a single experiment is determined by the area of 

the microscopic fi eld of view. In this case, a 50× objective was 

used and about 20 individual cells were traced and identi-

fi ed simultaneously. With the combination of chemical and 

mechanical biomarkers, this technique measures the deform-

ability of each subpopulation of cells. This capability, accom-

panied with high-throughput measurement, has real-world 

applications such as fi nding variations among subpopulations 

in a cell mixture from a cancer patient.    

  4.     Conclusion 

 An acoustically actuated, bubble-based technique was 

developed to probe the deformability of suspended cells in 

a microfl uidic chamber. An optothermal effect generated a 

bubble which was positioned near cells of interest. Acoustic 

streaming around the oscillating bubble deformed the 

cells, and cell deformability was measured. First, using this 

small 2016, 12, No. 7, 902–910

 Figure 4.    a) The deformability of CD-treated HeLa cells; b) the CD-treated HeLa cells shows an increased deformability compared with nontreated 
ones; c) bright fi eld and d) actin-GFP fl uorescent images of a CD-treated HeLa cell.
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technique, the deformability from multiple HeLa, HEK, and 

HUVEC cells was measured, and statistically relevant data 

was obtained. The technique probes the mechanical proper-

ties of multiple cells at once. Second, in situ measurement of 

the deformability of cells after treating with the Cytochalasin 

D was demonstrated, which proves that our technique can be 

integrated with drug-screening platforms. Third, the charac-

terization of deformability variance in denatured and healthy 

HeLa cell confi rms that our technique can combine both 

fl uorescent biomarkers and mechanical biomarkers in the 

same platform. With these unique properties, our technique 

will serve as a useful tool for biological studies as well as bio-

physical diagnoses and prognoses.  

  5.     Experimental Section 

  Experimental Setups : Microsized bubbles were generated with 
a focused laser beam by the optothermal effect (Figure  1 a). [ 36,54,58 ]  
Specifi cally, a diode laser of wavelength 405 nm was coupled into 
an upright optical microscope (Eclipse LV-100, Nikon, Japan) and 
was focused by an objective lens (LU Plan Fluor, 50×, NA = 0.8, 
Nikon, Japan) onto a glass slide (24 × 50 mm, VWR, USA) with a 
gold fi lm of thickness 50 nm. [ 59 ]  The diameter of the focused laser 
beam on the gold fi lm was 30 μm. The laser power on the sample 
plane, measured by a power meter (FieldMaxII-TO, Coherent, USA), 
was adjustable from 0 to 46 mW. The location of the laser spot was 
controlled by moving the chamber in the XY plane with a motorized 
stage (Model C152V2, Prior Inc., USA). The gold-coated glass slide 
also served as the bottom of the microfl uidic chamber (Figure  1 b), 
and it was bonded to a polydimethylsiloxane (PDMS) microfl uidic 
chamber by plasma treatment (Figure  1 b). The PDMS chamber 
of length, width, and depth of 10, 10, and 60 μm, respectively, 
was fabricated by standard soft lithography and mold-replica 
techniques. 

 After bubbles were generated, they were actuated by a piezo 
transducer (Piezo Ceramic Transducer 20 × 2.1 mmR Disc, Steiner 
& Martins Inc., USA). The piezo transducer was bonded to the 
same glass slide with the microfl uidic chamber by double-sided 
polyimide tape (Masking Products, USA) to generate acoustic 
waves (Figure  1 b). [ 60–62 ]  The stimulating electrical signal was gen-
erated from a function generator (8116A, Hewlett Packard, USA) 
and connected to a signal amplifi er (Model 25A250A, Amplifi er 

Research, USA). The frequency is ≈100 kHz. When the bubble was 
actuated by the acoustic waves, acoustic streaming was gener-
ated around the bubble due to oscillation of air–liquid interface. 
Cells suspended around the bubble were attracted to the bubble 
and then were pushed away (Figure  1 c). As a result, signifi cant 
deforming of cells was observed (Figure  1 d). 

  Data Analysis : The cells were imaged with a CCD camera 
(DS-Fi1, Nikon, Japan) through the same objective lens that 
focused the laser beam. The outline of a cell at each frame was 
extracted by ImageJ and estimated as an ellipse. The long and 
short axes were estimated using the line-measurement function of 
ImageJ. The deformability of cells was defi ned as the aspect ratio 
between long axis ( a  in Figure  1 e) and short axis ( b  in Figure  1 e). 
The mean deformability of a cell type was obtained by measuring 
multiple cells around an oscillating bubble (Figure  1 f). 

 To trace the motion and deformation of each cell in the cell 
mixtures, fl uorescent images and bright-fi eld videos are captured 
twice on the same imaging area. In this work, three types of images 
were taken: before the acoustic actuation of bubble, green fl uo-
rescent images for calcein AM stained fresh cells and red fl uores-
cent images for propidium iodide stained protein-denatured cells 
were taken; during the acoustic actuation, bright-fi eld videos were 
taken for recording the cells moving and deforming in the acoustic 
fi eld. Since these three types of images/videos were taken using 
one camera, they could be superimposed together (Figure S5, Sup-
porting Information). By stacking the images together, one could 
obtain various information including chemical properties of each 
single cells, the moving trajectory of each cell, and the deforma-
tion of each cell. 

  Cell Preparation : HeLa cells, Human umbilical vein endothelial 
cells (HUVEC), and Human Embryonic Kidney 293 cells (HEK 293) 
were chosen for testing of mechanical properties. HeLa cells were 
grown in Dulbecco’s Modifi ed Eagle Medium: Nutrient Mixture 
F-12 (DMEM/F12) media (Gibco, CA, USA), supplemented with 
10% fetal bovine serum (Atlanta Biologicals, GA, USA), penicillin 
(100 U mL −1 ), and 100 μg mL −1  streptomycin (Mediatech, VA, 
USA). HUVEC were cultured using EndoGRO-LS Complete Culture 
Medium (Millipore, Germany). HEK 293 were cultured using Min-
imum Essential Medium with Earle’s salts (Cellgro, Corning, USA) 
supplemented with 10% FBS and 1% penicillin–streptomycin solu-
tion. The cell lines were maintained in T-25 cell culture fl asks, in a 
37 °C incubator at 5% CO 2  level, and were cultured twice per week. 
Before each experiment, an adherent culture was released from 
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 Figure 5.    a) Stacked images of the cell mixture with different dyed colors; b) the deformability of each subpopulation in the cell mixtures is 
measured by tracing each stained cell.
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fl asks using 0.05% trypsin digestion (Cellgro, Corning, USA), and 
then rinsed with Trypsin neutralizer solution (Gibco, Life Technolo-
gies, USA). After centrifugation at 800 rpm for 5 min and rinsing 
with PBS buffer (1×, pH 7.4), cells were re-suspended in a highly 
viscous working medium, containing 5% (w/w) sodium alginate 
(Sigma, USA) dissolved in PBS buffer (1×, pH 7.4), in a fi nal con-
centration of about 2 × 10 5  cells mL −1 . 

 Cortical actin in the suspended cells was fl uorescently visual-
ized by Actin-GFP (CellLight, BacMam 2.0, Life Technologies, USA), 
following the protocol provided by the manufacturer. The cortical 
actin was visualized with fl uorescent microscopy in the excitation 
wavelength of 488 nm, and at the emission wavelength of 532 nm. 
Visualization of microtubule utilized the Microtubule-RFP (Cell-
Light, BacMam 2.0, Life technologies, USA) with similar procedure 
to the actin stain. The fl uorescent excitation wavelength and emis-
sion wavelength were 555 and 584 nm, respectively. 

 To test the change of deformability during the drug treatments, 
Cytochalasin D (Sigma-Aldrich, USA) was used to depolymerize 
the actin of the HeLa cells. Cytochalasin D was kept in Dimethyl 
sulfoxide (DMSO) of concentration of 5 mg mL −1  and at −20 °C. 
Cytochalasin D was added to the cell suspension, and the fi nal 
concentration was 1 μg mL −1 . After incubating for 20 min, cell 
deformation was measured. 

 The specimen of a cell mixture was prepared by mixing living 
and protein-denatured HeLa cells. The protein-denatured cells 
were prepared by adding 70% ethanol into the cell suspensions. 
They were then rinsed with PBS and mixed with the living cells in a 
PBS buffer. The protein-denatured cells were fl uorescently labeled 
with propidium iodide (PI) stain, where PI was added into the 
medium at a ratio of 0.5 μl PI to 1 mL buffer. The living cells were 
fl uorescently labeled with calcein AM (Life Technologies, USA) of a 
concentration of 0.5 × 10 −6   M .  

  Supporting Information 

 Supporting Information is available from the Wiley Online Library 
or from the author.  

  Acknowledgements 

 The authors acknowledge fi nancial support from the National 
Institutes of Health (1 R01 GM112048-01A1 and 1R33EB019785-
01), the National Science Foundation (CBET-1438126 and IDBR-
1455658), and the Penn State Center for Nanoscale Science 
(MRSEC) under grant DMR - 1420620. Components of this work 
were conducted at the Penn State node of the NSF-funded National 
Nanotechnology Infrastructure Network.   

[1]     D.    Di Carlo  ,  J. Lab. Autom.    2012 ,  17 ,  32 .  
[2]     S.    Suresh  ,  Acta Biomater.    2007 ,  3 ,  413 .  
[3]     B. D.    Hoffman  ,   J. C.    Crocker  ,  Annu. Rev. Biomed. Eng.    2009 ,  11 , 

 259 .  
[4]     K. D.    Costa  ,  Dis. Markers    2004 ,  19 ,  139 .  

[5]     S. M. A.    Haghparast  ,   T.    Kihara  ,   Y.    Shimizu  ,   S.    Yuba  ,   J.    Miyake  , 
 J. Biosci. Bioeng.    2013 ,  116 ,  380 .  

[6]     H.    Liu  ,   Q.    Tan  ,   W. R.    Geddie  ,   M. A. S.    Jewett  ,   N.    Phillips  ,   D.    Ke  , 
  C. A.    Simmons  ,   Y.    Sun  ,  Cell Biochem. Biophys.    2014 ,  68 ,  241 .  

[7]     W.    Xu  ,   R.    Mezencev  ,   B.    Kim  ,   L.    Wang  ,   J.    McDonald  ,   T.    Sulchek  , 
 PLoS One    2012 ,  7 ,  e46609 .  

[8]     A. E.    Pelling  ,   F. S.    Veraitch  ,   C. P.-K.    Chu  ,   C.    Mason  ,   M. A.    Horton  , 
 Cell Motil. Cytoskeleton    2009 ,  66 ,  409 .  

[9]     L. A    MacQueen  ,   M.    Thibault  ,   M. D.    Buschmann  ,   M. R.    Wertheimer  , 
 J. Biomech.    2012 ,  45 ,  2797 .  

[10]     X.    Ding  ,   J.    Shi  ,   S.-C. S.    Lin  ,   S.    Yazdi  ,   B.    Kiraly  ,   T. J.    Huang  ,  Lab Chip   
 2012 ,  12 ,  2491 .  

[11]     S.    Li  ,   X.    Ding  ,   F.    Guo  ,   Y.    Chen  ,   M. I.    Lapsley  ,   S. S.    Lin  ,   L.    Wang  , 
  J. P.    Mccoy  ,   C. E.    Cameron  ,   T. J.    Huang  ,  Anal. Chem.    2013 ,  85 ,  5468 .  

[12]     X.    Mao  ,   T. J.    Huang  ,  Lab Chip    2012 ,  12 ,  4006 .  
[13]     D.-H.    Kim  ,   P. K.    Wong  ,   J.    Park  ,   A.    Levchenko  ,   Y.    Sun  ,  Annu. Rev. 

Biomed. Eng.    2009 ,  11 ,  203 .  
[14]     W. J.    Polacheck  ,   R.    Li  ,   S. G. M.    Uzel  ,   R. D.    Kamm  ,  Lab Chip    2013 , 

 13 ,  2252 .  
[15]     Y.    Zheng  ,   J.    Nguyen  ,   Y.    Wei  ,   Y.    Sun  ,  Lab Chip    2013 ,  13 ,  2464 .  
[16]     H.    Bow  ,   I. V.    Pivkin  ,   D.-M.    Silva  ,   S. J.    Goldfl ess  ,   M.    Dao  ,   J. C.    Niles  , 

  S.    Suresh  ,   J.    Han  ,  Lab Chip    2011 ,  11 ,  1065 .  
[17]     M. J.    Rosenbluth  ,   W. A.    Lam  ,   D. A.    Fletcher  ,  Lab Chip    2008 ,  8 , 

 1062 .  
[18]     D. R.    Gossett  ,   H. T. K.    Tse  ,   S. A.    Lee  ,   Y.    Ying  ,   A. G.    Lindgren  , 

  O. O.    Yang  ,   J.    Rao  ,   A. T.    Clark  ,   D.    Di Carlo  ,  Proc. Natl. Acad. Sci. 
USA    2012 ,  109 ,  7630 .  

[19]     M.    Abkarian  ,   M.    Faivre  ,   H. A.    Stone  ,  Proc. Natl. Acad. Sci. USA   
 2006 ,  103 ,  538 .  

[20]     Q.    Guo  ,   S. P.    Duffy  ,   K.    Matthews  ,   A. T.    Santoso  ,   M. D.    Scott  ,   H.    Ma  , 
 J. Biomech.    2014 ,  47 ,  1767 .  

[21]     M.-E.    Myrand-Lapierre  ,   X.    Deng  ,   R. R.    Ang  ,   K.    Matthews  , 
  A. T.    Santoso  ,   H.    Ma  ,  Lab Chip    2015 ,  15 ,  159 .  

[22]     Z.    Zhang  ,   X.    Chen  ,   J.    Xu  ,  Biomicrofl uidics    2015 ,  9 ,  024108 .  
[23]     M.    Aghaamoo  ,   Z.    Zhang  ,   X.    Chen  ,   J.    Xu  ,  Biomicrofl uidics    2015 ,  9 , 

 034106 .  
[24]     E.    Du  ,   M.    Dao  ,   S.    Suresh  ,  Extreme Mech. Lett.    2014 ,  1 ,  35 .  
[25]     M.    Lekka  ,   P.    Laidler  ,  Nat. Nanotechnol.    2009 ,  4 ,  72 ;  author reply 

72 .  
[26]     R. M.    Hochmuth  ,  J. Biomech.    2000 ,  33 ,  15 .  
[27]     Shojaei-E.    Baghini  ,   Y.    Zheng  ,   Y.    Sun  ,  Ann. Biomed. Eng.    2013 ,  41 , 

 1208 .  
[28]     T.    Tandiono  ,   E.    Klaseboer  ,   S.-W.    Ohl  ,   D.    Siak-Wei Ow  , 

  A. B.-H.    Choo  ,   F.    Li  ,   C. D.    Ohl  ,  Soft Matter    2013 ,  9 ,  8687 .  
[29]     P. A.    Quinto-Su  ,   C.    Kuss  ,   P. R.    Preiser  ,   C.-D.    Ohl  ,  Lab Chip    2011 , 

 11 ,  672 .  
[30]     F.    Wottawah  ,   S.    Schinkinger  ,   B.    Lincoln  ,   R.    Ananthakrishnan  , 

  M.    Romeyke  ,   J.    Guck  ,   J.    Käs  ,  Phys. Rev. Lett.    2005 ,  94 ,  098103 .  
[31]     I.    Sraj  ,   C. D.    Eggleton  ,   R.    Jimenez  ,   E.    Hoover  ,   J.    Squier  , 

  J.    Chichester  ,   D. W. M.    Marr  ,  J. Biomed. Opt.    2013 ,  15 ,  047010 .  
[32]     J.    Guck  ,   S.    Schinkinger  ,   B.    Lincoln  ,   F.    Wottawah  ,   S.    Ebert  , 

  M.    Romeyke  ,   D.    Lenz  ,   H. M.    Erickson  ,   R.    Ananthakrishnan  , 
  D.    Mitchell  ,   J.    Käs  ,   S.    Ulvick  ,   C.    Bilby  ,  Biophys. J.    2005 ,  88 ,  3689 .  

[33]     Y.    Zheng  ,   J.    Nguyen  ,   C.    Wang  ,   Y.    Sun  ,  Lab Chip    2013 ,  13 ,  3275 .  
[34]     L. A    MacQueen  ,   M. D.    Buschmann  ,   M. R.    Wertheimer  ,  J. Micro-

mech. Microeng.    2010 ,  20 ,  065007 .  
[35]     K.    Zhang  ,   A.    Jian  ,   X.    Zhang  ,   Y.    Wang  ,   Z.    Li  ,   H.-Y.    Tam  ,  Lab Chip   

 2011 ,  11 ,  1389 .  
[36]     Y.    Xie  ,   C.    Zhao  ,   Y.    Zhao  ,   S.    Li  ,   J.    Rufo  ,   S.    Yang  ,   F.    Guo  ,   T. J.    Huang  , 

 Lab Chip    2013 ,  13 ,  1772 .  
[37]     D.    Ahmed  ,   C. Y.    Chan  ,   S.-C. S.    Lin  ,   H. S.    Muddana  ,   N.    Nama  , 

  S. J.    Benkovic  ,   T. J.    Huang  ,  Lab Chip    2013 ,  13 ,  328 .  
[38]     D.    Ahmed  ,   X.    Mao  ,   J.    Shi  ,   B. K.    Juluri  ,   T. J.    Huang  ,  Lab Chip    2009 , 

 9 ,  2738 .  
[39]     D.    Ahmed  ,   X.    Mao  ,   B. K.    Juluri  ,   T. J.    Huang  ,  Microfl uid. Nanofl uid.   

 2009 ,  7 ,  727 .  
[40]     N.    Riley  ,  Theor. Comput. Fluid Dyn.    1998 ,  10 ,  349 .  
[41]     C. P.    Lee  ,   T. G.    Wang  ,  J. Acoust. Soc. Am.    1990 ,  88 ,  2367 .  



full papers
www.MaterialsViews.com

910 www.small-journal.com © 2015 Wiley-VCH Verlag GmbH & Co. KGaA, Weinheim small 2016, 12, No. 7, 902–910

[42]     M. S.    Longuet-Higgins  ,  Proc. R. Soc. London, Ser. A    1998 ,  454 , 
 725 .  

[43]     M. F.    Hamilton  ,   Y. A.    Ilinskii  ,   E. A.    Zabolotskaya  ,  J. Acoust. Soc. 
Am.    2003 ,  113 ,  153 .  

[44]    C. Chindam ,  N. Nama ,  M. I. Lapsley ,   F.    Costanzo  ,   T. J.    Huang  , 
 J. Appl. Phys    2013 ,  114 ,  194503 .  

[45]     X.    Ding  ,   P.    Li  ,   S.-C. S.    Lin  ,   Z. S.    Stratton  ,   N.    Nama  ,   F.    Guo  , 
  D.    Slotcavage  ,   X.    Mao  ,   J.    Shi  ,   F.    Costanzo  ,   T. J.    Huang  ,  Lab Chip   
 2013 ,  13 ,  3626 .  

[46]     N.    Nama  ,   P.-H.    Huang  ,   T. J.    Huang  ,   F.    Costanzo  ,  Lab Chip    2014 ,  14 , 
 2824 .  

[47]     Y.    Xie  ,   C.    Chindam  ,   N.    Nama  ,   S.    Yang  ,   M.    Lu  ,   Y.    Zhao  ,   J. D.    Mai  , 
  F.    Costanzo  ,   T. J.    Huang  ,  Sci. Rep.    2015 ,  5 ,  12572 .  

[48]     N.    Nama  ,   R.    Barnkob  ,   Z.    Mao  ,   C. J.    Kähler  ,   F.    Costanzo  ,   T. J.    Huang  , 
 Lab Chip    2015 ,  15 ,  2700 .  

[49]     P.    Li  ,   Z.    Mao  ,   Z.    Peng  ,   L.    Zhou  ,   Y.    Chen  ,   P.    Huang  ,   C. I.    Truica  , 
 Proc. Natl. Acad. Sci. USA    2015 ,  112 ,  4970 .  

[50]     X.    Ding  ,   Z.    Peng  ,   S.-C. S.    Lin  ,   M.    Geri  ,   S.    Li  ,   P.    Li  ,   Y.    Chen  ,   M.    Dao  , 
  S.    Suresh  ,   T. J.    Huang  ,  Proc. Natl. Acad. Sci. USA    2014 ,  111 , 
 12992 .  

[51]     F.    Guo  ,   P.    Li  ,   J. B.    French  ,   Z.    Mao  ,   H.    Zhao  ,   S.    Li  ,   N.    Nama  ,   J. R.    Fick  , 
 Proc. Natl. Acad. Sci. USA    2015 ,  112 ,  43 .  

[52]     T.    Hart  ,   M. F.    Hamilton  ,  J. Acoust. Soc. Am.    1988 ,  84 ,  1488 .  

[53]     M. F.    Hamilton  ,   D. T.    Blackstock  ,  Nonlinear Acoustics ,  Academic 
Press ,  New York    1998 .  

[54]     C.    Zhao  ,   Y.    Xie  ,   Z.    Mao  ,   Y.    Zhao  ,   J.    Rufo  ,   S.    Yang  ,   F.    Guo  ,   J. D.    Mai  , 
  T. J.    Huang  ,  Lab Chip    2014 ,  14 ,  384 .  

[55]     K. C.    Neuman  ,   S. M.    Block  ,  Rev. Sci. Instrum.    2004 ,  75 ,  2787 .  
[56]     A.    Ashkin  ,   J. M.    Dziedzic  ,   J. E.    Bjorkholm  ,   S.    Chu  ,  Opt. Lett.    1986 , 

 11 ,  288 .  
[57]     P.    Tho  ,   R.    Manasseh  ,   A.    Ooi  ,  J. Fluid Mech.    2007 ,  576 ,  191 .  
[58]     Y.    Xie  ,   S.    Yang  ,   Z.    Mao  ,   P.    Li  ,   C.    Zhao  ,   Z.    Cohick  ,   P.-H.    Huang  , 

  T. J.    Huang  ,  ACS Nano    2014 ,  8  12175 .  
[59]     C.    Zhao  ,   Y.    Liu  ,   Y.    Zhao  ,   N.    Fang  ,   T. J.    Huang  ,  Nat. Commun.    2013 , 

 4 ,  2305 .  
[60]     P.-H.    Huang  ,   Y.    Xie  ,   D.    Ahmed  ,   J.    Rufo  ,   N.    Nama  ,   Y.    Chen  , 

  C. Y.    Chan  ,   T. J.    Huang  ,  Lab Chip    2013 ,  13 ,  3847 .  
[61]     P.-H.    Huang  ,   N.    Nama  ,   Z.    Mao  ,   P.    Li  ,   J.    Rufo  ,   Y.    Chen  ,   Y.    Xie  , 

  C.-H.    Wei  ,   L.    Wang  ,   T. J.    Huang  ,  Lab Chip    2014 ,  14 ,  4319 .  
[62]     P.-H.    Huang  ,   L.    Ren  ,   N.    Nama  ,   S.    Li  ,   P.    Li  ,   X.    Yao  ,   R. A.    Cuento  , 

  C.-H.    Wei  ,   Y.    Chen  ,   Y.    Xie  ,   A. A.    Nawaz  ,   Y. G.    Alevy  ,   M. J.    Holtzman  , 
  J. P.    McCoy  ,   S. J.    Levinec  ,   T. J.    Huang  ,  Lab Chip    2015 ,  15 ,  3125 .    

Received:  July 26, 2015 
Revised:  December 2, 2015    
Published online: December 30, 2015




